INTRODUCTION
Amphibian populations are declining globally (Houlahan et al. 2000 , Stuart et al. 2004 . While there are a number of factors that have contributed to these declines, emerging infectious diseases have been linked to single-and multiple-population die-offs (Collins & Storfer 2003 , Wake & Vredenburg 2008 . Batrachochytrium dendrobatidis and several viral types within the genus Ranavirus have been associated with most of the reported amphibian mass mortality events (Berger et al. 1998 , Green et al. 2002 , Carey et al. 2003a ). Ranavirus-associated mortality has been reported on 5 continents, at all lati-tudes and elevations that amphibians inhabit, and in most of the major families of Anura and Urodela (Carey et al. 2003a ,b, Daszak et al. 2003 . Since determining that ranaviruses were an etiologic agent in amphibian die-offs in the early 1990s (Cunningham et al. 1993 , Drury et al. 1995 , Jancovich et al. 1997 , scientists have been conducting studies on the genetics, ecology, and pathology of this pathogen to determine factors that may lead to its emergence.
The ecology of ranaviruses likely involves a complex interaction of reservoir species, transmission routes, environmental persistence, stressors, and host immunity (Fig. 1) . Given the growing interest in the effects of pathogens on amphibians, our goal was to summarize the existing literature on the ecology and pathology of ranaviruses that infect amphibians and to provide ideas for conservation strategies and future research directions. Included is a summation of the current understanding of Ranavirus genetics; however, we do not provide a detailed description of taxonomy or molecular biology, because extensive reviews and analyses on these topics have been provided previously (e.g. Chinchar 2002 , Chinchar & Hyatt 2008 , Chinchar et al. 2009 ). We also do not critique molecular techniques used to differentiate ranaviruses; however, we raise some potential limitations of techniques and direct readers to molecular reviews over ranaviruses for details on caveats.
AMPHIBIAN DIE-OFFS AND RANAVIRUSES
Mass mortality of amphibians from ranaviruses have been reported in the Americas, Europe, and Asia (Cunningham et al. 1996 , Carey et al. 2003a , Converse & Green 2005a , Green & Converse 2005 , Fox et al. 2006 , Balseiro et al. 2009 , Une et al. 2009 ). Ranaviruses also have been isolated from wildcaptured amphibians in Australia (Speare & Smith 1992 , Cullen & Owens 2002 , but die-offs in the wild from ranaviruses are unknown on this continent. The greatest number of reported die-offs is from North America, where ranaviruses are responsible for amphibian mortality events in 3 Canadian provinces and over 20 states in the USA (Bollinger et al. 1999 , Green et al. 2002 , Carey et al. 2003a , Greer et al. 2005 . Muths et al. (2006) reported that 43% of the reported die-offs in the USA from 2000 to 2005 were due to ranaviruses. Similarly, Green et al. (2002) reported that 57% of the mortality events investigated by the United States Geological Survey National Wildlife Health Center from 1996 to 2001 were wholly or partially caused by ranaviruses. It is estimated that from 1 to 3 new states in the USA report ranavirus die-offs each year (Converse & Green 2005a) . Together these data suggest that ranaviruses are widespread pathogens that are frequently associated with amphibian die-offs.
Whether ranaviruses represent a significant threat to amphibian biodiversity is currently debated. The importance of ranaviruses in amphibian epizootics has been frequently dismissed, because most ranavirusassociated mortality has occurred with common species (Cunningham et al. 1996 , Green et al. 2002 , Carey et al. 2003a , Muths et al. 2006 . Although the likelihood of detection can be low, die-offs have been reported in uncommon species. For example, Rana muscosa, R. aurora, Anaxyrus (formerly Bufo) boreas, and Ambystoma tigrinum stebbinsi are species of conservation concern in North America that have experienced die-offs from ranaviruses (Jancovich et al. 1997 , Converse & Green 2005a ). Thus, die-offs of uncommon species may occur more frequently than realized. Ranaviruses can impact population structure and the likelihood of species persistence (Collins et al. 1988 , Schock & Bollinger 2005 by causing annual mass mortality events (Berna 1990 , Cunningham et al. 1996 , Bollinger et al. 1999 , Greer et al. 2005 , Teacher 2008 ). This threat is especially high for less abundant species, where repeated failed recruitment could result in local extirpation (Power & Mitchell 2004 , de Castro & Bolker 2005 . While additional research addressing the population-level effects of ranaviruses on amphibians is needed, it is clear that ranaviruses are impacting both common and rare amphibian species across the landscape.
RANAVIRUS CHARACTERISTICS
Ranaviruses were first isolated from Lithobates (formerly Rana) pipiens in the mid-1960s (Granoff et al. 1965 , Rafferty 1965 . Ranavirus is in the family Iridoviridae (Eaton et al. 2007 ), which contains 5 genera: 2 infect invertebrates (Iridovirus and Chloriridovirus) and 3 infect ectothermic vertebrates (Ranavirus, Megalocytivirus, and Lymphocystivirus; Chinchar et al. 2009 ). Ranaviruses are large, double-stranded DNA viruses (ca. 105 kbp, 150 nm diameter; Williams et al. 2005) , with a distinctive icosahedral shape that is frequently visible in the cytoplasm of infected cells as paracrystalline arrays in electron microscopic images (Fig. 2; Chinchar & Hyatt 2008) . The replication cycle of ranaviruses has been studied extensively using frog virus 3 (FV3), which is the type species for the genus ). The genome encodes around 100 putative gene products (Chinchar 2002) , including several that likely play roles in virulence and immune evasion proteins (Chin-
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Amphibian host: (Chinchar 2002) . Cell death can occur as quickly as a few hours following infection, by either necrosis or apoptosis . At the level of the host, ranavirus populations grow quickly. Brunner et al. (2005) estimated that the doubling rate of ranaviruses in a salamander host was from 0.7 to 1.8 d.
Ranaviruses are known to infect amphibians, reptiles, and osteichthyan (bony) fish ( Fig. 1A ; Williams et al. 2005) . Currently, 6 species of Ranavirus are recognized 3 of which infect amphibians: FV3, Bohle iridovirus (BIV) and Ambystoma tigrinum virus (ATV; Chinchar et al. 2005) . Majji et al. (2006) also provided evidence of a fourth possible species that infects amphibians (Rana catesbeiana virus Z, RCV-Z) based on restriction fragment length polymorphism (RFLP) profiles. The entire genomes of 2 species (FV3 and ATV) and 1 type of FV3 (tiger frog virus) have been sequenced (He et al. 2002 , Jancovich et al. 2003 , Tan et al. 2004 ). The major capsid protein (MCP) comprises about half the weight of the virion . This protein is highly conserved among Ranavirus species, and an antibody raised against the MCP of one species often cross reacts with other members of the genus (Hedrick et al. 1992) . A 500 bp region at the 5' end of the MCP gene is commonly sequenced to characterize Ranavirus species (Mao et al. 1996 , Tidona et al. 1998 , Chinchar 2002 . Although frequently done, sequence analysis based solely on a 500 bp region of the MCP (ca. 0.3% of the genome) is not definitive evidence that an isolate or PCR product is a particular Ranavirus species. The assignment of a Ranavirus species should be based on multiple criteria, including host range, sequence determination, and RFLP and protein profiles .
At least 30 isolates of Ranavirus have been mapped phylogenetically, with over half infecting amphibians . Genetic variation of the MCP gene for FV3-like isolates seems to be less than for ATV-like isolates (Schock et al. 2008) . While significant geographic variation of the MCP and other genes in ATV has been reported , Ridenhour & Storfer 2008 , FV3 seems to be more genetically conserved across regions and species (Schock et al. 2008) .
It is hypothesized that genetically unique isolates may represent novel Ranavirus types that have enhanced virulence (Ridenhour & Storfer 2008) . Type virulence is likely related to genetic similarity with amphibian host cells. Schock et al. (2008) demonstrated that ATV and FV3 infected multiple species, but these ranaviruses were most virulent within the orders Urodela and Anura, respectively, from which they were isolated. Variation in susceptibility to ranaviruses also exists among populations for a species (Brunner et al. 2005 , Pearman & Garner 2005 , and may be related to exposure history (Teacher et al. 2009a ). Teacher et al. (2009a) provided the first evidence of directional selection against alleles that connote high susceptibility in Rana temporaria populations that experienced repeated die-offs from ranaviruses. Populations that experienced ranavirus die-offs were more homozygous than populations that had not experienced die-offs from ranavirus, which was attributed to positive assortative mating instead of a bottleneck effect (Teacher et al. 2009b) .
Infection by ranaviruses does not always result in mortality ). Laboratory and field studies confirm that individuals can be sublethally infected with ranaviruses , Pearman et al. 2004 , Greer et al. 2009 Maniero et al. 2006) . Antibody production against ranaviruses also has been found in Chaunus marinus from Australia and Venezuela (Zupanovic et al. 1998) . Majji et al. (2006) demonstrated that Ranavirus RCV-Z was less pathogenic to Lithobates catesbeianus (formerly Rana catesbeiana) tadpoles when exposed first to FV3. Thus, the likelihood of an amphibian experiencing mortality due to exposure to multiple ranaviruses is probably a result of type virulence and exposure order (Fig. 1B) .
POSSIBLE RESERVOIRS
Intra-class reservoirs
Amphibians are one of the primary reservoirs of ranaviruses (Fig. 1A) . Given the biphasic life cycle of many amphibians (Wilbur 1984) , amphibian reservoirs could occur in aquatic or terrestrial environments. In aquatic environments, amphibian species with larvae that develop over more than 1 season (e.g. Lithobates catesbeianus; Gray et al. 2007) , with paedomorphic development (e.g. Ambystoma tigrinum; Jancovich et al. 1997) , or with highly aquatic adults (e.g. Notophthalmus viridescens, Desmognathus quadramaculatus; Duffus et al. 2008 ) are likely reservoirs. Gray et al. (2007) reported that 57% of overwintering L. catesbeianus tadpoles were positive for a ranavirus, and few exhibited pathological signs ). We also have documented Ranaviruspositive D. quadramaculatus adults in the field, with few pathological signs noted ). Thus, larval and adult amphibians in the aquatic environment may contribute to maintaining ranaviruses in a system (Duffus et al. 2008) .
In temporary wetlands or in amphibian communities where larvae or adults do not overwinter in the aquatic environment, postmetamorphic cohorts may be important reservoirs. Brunner et al. (2004) demonstrated in the laboratory that salamander larvae exposed to ATV could survive through metamorphosis with sublethal infections, providing evidence that juvenile salamanders might function as reservoirs. This finding was supported by field data at 1 breeding site, where 78% of emigrating salamander metamorphs were ATV positive, and, in the subsequent year, 7% of immigrating salamanders tested positive for ATV . We found that 56 of 69 adult plethodontid salamanders (10 species total) tested positive for Ranavirus in the Great Smoky Mountains National Park ). In Europe and Australia, adult anurans are known to be suitable hosts of ranaviruses (Cullen & Owens 2002 , Cunningham et al. 2007a ). These studies illustrate that postmetamorphic amphibians may have an important role in maintaining ranaviruses in host populations among years .
Whether an amphibian species maintains persistent ranavirus infections or experiences mortality is probably a consequence of species-specific immune response and life history. We hypothesize that species inhabiting permanent wetlands with larvae that have long development times are less likely to experience morbidity from ranaviruses due to acquired immunity from repeated exposure over multiple generations. Although mass mortality of Lithobates catesbeianus tadpoles has been reported in aquaculture facilities , this species appears to fit this model. After 4 wk, we documented 6% mortality and 6% infection in L. catesbeianus tadpoles orally inoculated with 10 6 plaque-forming units (PFU) of FV3 (authors' unpubl. data). In contrast, 90 and 60% of Lithobates (formerly Rana) palustris and Hyla chrysoscelis tadpoles, respectively, died within 2 wk following oral inoculation of the same FV3 isolate and dose (authors' unpubl. data). Tadpoles of L. palustris and H. chrysoscelis have short developmental times compared to L. catesbeianus. These species also inhabit more ephemeral breeding sites than L. catesbeianus, where ranaviruses may be less prevalent due to fewer reservoirs. We hypothesize that L. catesbeianus tadpoles likely represent a significant ranavirus reservoir, which has been suggested for other pathogens such as Batrachochytrium dendrobatidis (Daszak et al. 2004 , Hanselmann et al. 2004 , Garner et al. 2006 ).
Other reservoirs
Fish and reptiles may be reservoirs for amphibian ranaviruses (Fig. 1A) . The amphibian Ranavirus BIV has been shown to cause disease in the barramundi Lates calcarifer (Moody & Owens 1994) and in tilapia Oreochromis mossambicus (Ariel & Owens 1997) . The pike Esox lucius became infected when exposed to FV3, but ranaviral disease did not develop ). Mao et al. (1999) also provided molecular evidence that ranaviruses isolated from sympatric moribund stickleback fish Gasterosteus aculeatus and a Rana aurora tadpole were identical. However, sunfish Lepomis cyanellus and mosquito fish Gambusia affinis did not become infected when exposed to ATV (Jancovich et al. 2001) . These studies suggest that whether fish are a reservoir of amphibian ranaviruses may depend on the type of Ranavirus and the fish host.
The first reported case of an iridovirus infecting a free-ranging reptile was from a gopher tortoise Gopherus polyphemus (Westhouse et al. 1996) . Subsequently, iridoviruses that share > 96% MCP gene sequence identity with amphibian ranaviruses have been detected in Hermann's tortoises Testudo hermanni (Marschang et al. 1999) , eastern box turtles Terrapene carolina carolina (De Voe et al. 2004 , Allender et al. 2006 , Johnson et al. 2008 , soft-shelled turtles Trionyx sinensis (Zhao et al. 2007 ), leaf-tailed geckos Uroplatus fimbriatus (Marschang et al. 2005) , and green pythons Chondropython viridis (Hyatt et al. 2002) . Whether or not the iridoviruses infecting reptiles can be genetically classified as a Ranavirus is debatable, because most studies only sequenced a small portion of the MCP. Moreover, it is unknown if iridoviruses that infect reptiles can cause disease in amphibians. However, Ariel (1997) experimentally challenged juveniles of the tortoise species Emydura krefftii and Elseya latisternum with BIV and found they were highly susceptible. These studies raise the intriguing possibility that amphibian ranaviruses may be maintained by reptiles, but more research is needed.
TRANSMISSION
Pathogen transmission is fundamental to understanding the ecology and evolution of host -pathogen interactions (McCallum et al. 2001) . Predictions from models of host -pathogen dynamics, as well as conception of management strategies that reduce disease risk, depend on the route and form of transmission. Transmission includes a combination of indirect and direct routes, with the former dependent on virion persistence in the environment (Fig. 1A) . Below, we summarize what is currently known about how amphibians contract ranavirus infections.
Indirect transmission
Amphibians can become infected with pathogens circulating in the environment. Water and sediment can be effective routes of pathogen transmission, especially for amphibians that use ponds as larvae or adults. Harp & Petranka (2006) successfully infected Lithobates sylvaticus (formerly Rana sylvatica) tadpoles by exposing them to sediment collected from a site where a ranavirus die-off was occurring. Exposure to salamander larvae infected with ATV can result in infection of conspecifics in < 24 h without any direct contact ). Salamanders exposed to ATV in a water bath appear to become infectious to other individuals within 2 d, with their infectious capability increasing through time up to their death ). These studies suggest that virions shed into the aquatic environment can successfully infect new amphibian hosts, with infection most likely occurring across epithelial surfaces (e.g. intestinal mucosa, gill lamellae).
The persistence of ranaviruses outside the amphibian host is poorly understood, but fundamental to indirect transmission dynamics. Virions of ATV might persist in the environment for up to 2 wk (Jancovich et al. 1997 ). This duration may be shorter if water at a breeding site evaporates. Brunner et al. (2007) found that moist soil inoculated with ATV (2 × 10 7 PFU) was unable to cause infection in larval salamanders if the soil was dried for 4 d and rehydrated prior to host exposure. In contrast, soil inoculated with virus that remained moist caused 87% mortality of larval salamanders over the same duration ). Thus, virions may persist in the soil at breeding sites if the soil remains moist. One shortcoming of the above studies is that the virus was not cultured from the water or soil; thus, viable virions may have persisted yet not resulted in organism infection. Langdon (1989) investigated the environmental persistence of epizootic hematopoietic necrosis virus (EHNV), which is an iridovirus known to infect fish and is closely related to amphibian ranaviruses (Langdon et al. 1986 . Langdon (1989) cultured EHNV from distilled water after 97 d, from dry infected tissue stored at 15°C after 113 d, and from infected fish tissue stored at -20°C after 2 yr. While the potential exists for amphibian ranaviruses to persist for long durations in the environment, more research is needed on the difference in environmental persistence of ranavirus virions at permanently versus temporarily flooded breeding sites. Information also is needed on virion concentration in the environment during and prior to amphibian die-offs. Estimating viral loads in the environment can be challenging considering that die-offs often go undetected, especially in larval populations (Green et al. 2009 ). Laboratory studies suggest that an environmentally relevant concentration of ranavirus virions in water contaminated by infected salamanders may be from 10 3 to 10 4 PFU ml -1 (Rojas et al. 2005) .
Direct transmission
Direct transmission of ranaviruses is highly effective in amphibians. Ingestion of morbid and dead individuals infected with ranavirus is common (Pearman et al. 2004 , Harp & Petranka 2006 . Some larval species (e.g. Ambystoma tigrinum, Spea multiplicata) have cannibalistic phenotypes (Hoffman & Pfennig 1999 , Pfennig & Murphy 2000 , and many amphibian species consume embryos (Alford 1999), which can be infected with ranavirus (Tweedell & Granoff 1968) . Several studies have documented that ingestion of ranavirus-infected animal tissue can cause infection (Jancovich et al. 1997 , Pearman et al. 2004 , Harp & Petranka 2006 , Cunningham et al. 2007a ). Thus, ranaviruses may limit the occurrence of cannibalistic phenotypes in amphibian populations through differential survival (Pfennig et al. 1991 , Parris et al. 2005 . Larval salamanders that were infected with ranavirus were depredated 48% less by dragonfly Anax junius larvae than controls (Parris et al. 2004) , although the mechanism could not be identified. Failed predation attempts that damage skin may also facilitate indirect transmission of free-floating virions in the environment or direct transmission through contact with infected individuals. Transmission of ranavirus across damaged and intact skin has been shown , Cunningham et al. 2007a ). Brunner et al. (2007) demonstrated that 1 s of direct skin contact between infected and uninfected larval salamanders was sufficient to cause infection. Transmission of ranavirus among anuran metamorphs through direct contact has also been reported (Cullen et al. 1995) .
Vertical transmission of ranaviruses involving infection of the egg or sperm in vivo in amphibians has not been proven. Docherty et al. (2003) isolated an iridovirus from the testes of a salamander, providing initial evidence that vertical transmission may be possible. Infection of eggs or sperm also might occur during transport to or in the cloaca from epithelial shedding of virions. However, postgametogenesis transmission generally is not considered vertical because unrelated individuals could be infected as well, especially if virions are shed from the vent. Duffus et al. (2008) detected a ranavirus-positive embryo from an egg mass that was produced by a positive male and negative female Lithobates sylvaticus. The route for transmission was unclear in their study, and contamination from cloacal or epidermal shedding of the virus from the male could not be ruled out. Several researchers have reported that eggs or captive tadpoles raised from egg masses collected in the wild tested positive for Ranavirus (Greer et al. 2005 , Duffus et al. 2008 . To date, a study has not been performed to test vertical transmission of ranaviruses in amphibians where in vitro contamination was controlled. At the population level, it may be unimportant whether infection of eggs or sperm occurs in the sex organs or subsequently via cloacal or epidermal shedding, considering that transmission during or after gametogenesis likely results in the same survival endpoint.
STRESSORS
Stressors are defined as factors that cause endogenous production of corticosteroid hormones in organisms, which can aid in short-term survival; however, chronic exposure to stressors can result in deleterious effects on the immune system (Hill & Wyse 1989) . In general, secretion of corticosterone and aldosterone causes immune suppression by decreasing T-cell proliferation and antibody production, and by inducing lymphocyte apoptosis (Rollins-Smith & Blair 1993 , Ottaviani & Franceschi 1996 , Ducoroy et al. 1999 . Corticosteroids are produced during normal physiological processes, but their production also can be initiated in response to external stimuli (Carey et al. 1999) . External stimuli can be natural stressors, such as changes in ambient temperature, food limitation, or threat of predation, or they can be anthropogenic in origin, such as decreases in water quality from agricultural operations. Stressors can increase the likelihood of pathogen infection and morbidity due to reduced immune function (Carey et al. 1999 ). Below we summarize the current understanding of the role that stressors play in the emergence of ranaviruses in amphibian populations, which likely includes a combination of natural and anthropogenic factors interacting with host immunity and type virulence (Fig. 1B) .
Natural stressors
For amphibians, development represents a significant natural stressor. Changes in tadpole immunity during development have been extensively studied for Xenopus laevis (Rollins-Smith 1998) . For this species, immunity increases from the embryo stages through tadpole pro-metamorphosis then decreases rapidly as endogenous corticosteroids are produced (Flajnik et al. 1987) . It is hypothesized that natural immunosuppression associated with metamorphic climax is an adaptation to facilitate reconstruction of the organ systems for postmetamorphic life (Rollins-Smith 1998). The immune function at metamorphosis is probably lower than in all other developmental stages, and represents a period of high pathogen susceptibility (Carey et al. 1999) . Mass mortality of larvae from ranaviruses has been reported frequently in anurans during metamorphosis (Speare & Smith 1992 , Green & Converse 2005 , Greer et al. 2005 . Recently metamorphosed juveniles also appear to be highly susceptible (Cullen & Owens 2002 , Schock et al. 2008 . Following tail resorption, juvenile immunity increases until sexual maturity, with the adult immune function higher than in all other stages (Rollins-Smith 1998, Gantress et al. 2003) . Gantress et al. (2003) demon-strated that adult X. laevis were able to resist high doses of FV3, with only transitory signs of disease. Others have reported greater infection rates and morbidity in tadpoles and juvenile amphibians compared to adults (Gruia-Gray & Desser 1992 , Cullen & Owens 2002 , Green et al. 2002 . The trend for greater susceptibility of larvae and metamorphs compared to adults appears to be consistent among amphibian species, except for anurans in the UK. Cunningham et al. (1996 Cunningham et al. ( , 2007a have reported morbidity caused by ranaviruses in Rana temporaria and Bufo bufo adults only. High occurrence of adult mortality may be a consequence of easier detection, because most die-off reports are submitted by the public in the UK (A. G. F. Teacher, Royal Holloway, University of London, pers. comm.). The relative susceptibility of larval versus adult R. temporaria is the focus of ongoing controlled studies (A. A. Cunningham, Zoological Society of London, pers. comm.). Very little information is available about the susceptibility of early stages in amphibian development. Tweedell & Granoff (1968) reported > 99% mortality for Lithobates pipiens embryos exposed to 10 2 -10 4 PFU of FV3. However, in ongoing research at the University of Tennessee, we documented that the egg stage was least susceptible to ranavirus compared to hatchling, tadpole, and metamorph stages for 7 North American anuran species (N. Haislip et al. unpubl. data) . Indeed, more research is needed investigating the relative susceptibility of amphibians during different developmental stages and why adult anurans in the UK appear to have high susceptibility.
Water temperature represents a natural environmental stressor that could impact susceptibility to ranaviruses, particularly for those species whose larvae develop during early spring or winter. Coldinduced immunosuppression has been demonstrated in several anuran species (e.g. Cooper et al. 1992 , Miodoński et al. 1996 and in Notophthalmus viridescens (Raffel et al. 2006) . Maniero & Carey (1997) found that T-lymphocyte proliferation and serum complement activity were lower in Lithobates pipiens maintained at 5°C compared to controls held at 22°C. They hypothesized that reduced T-lymphocyte production would cause decreased signaling of B-lymphocytes, which would reduce antibody production and compromise immunity (Maniero & Carey 1997) . Raffel et al. (2006) reported a similar trend in field-collected N. viridescens; fewer lymphocytes and eosinophils were detected circulating in the blood during winter and spring. Field surveillance for ranavirus supports the cold-induced immunosuppression hypothesis. We found that L. catesbeianus tadpoles collected in Tennessee were 7.7-fold more likely to be infected with FV3 in winter than in summer ). Similarly, Lithobates (formerly Rana) clamitans tadpoles were 4.7-fold more likely to be infected with FV3 in autumn than in summer ). Interestingly, Rojas et al. (2005) found that even though ATV replication in vitro was more than twice as fast at 26°C compared to 10 or 18°C, mortality of larval salamanders exposed to ATV and held at the lower temperatures was at least 2.5-fold greater than that for salamanders held at 26°C. Moreover, ATV virion titer in salamanders that died at 26°C was less than that for salamanders held at 10 or 18°C (Rojas et al. 2005) , suggesting that ranavirus virulence may be greater at lower water temperatures. An important observation is that the majority of ranavirus die-offs have been reported during summer months , Converse & Green 2005a ; however, this could be a consequence of greater detection by scientists conducting fieldwork at this time, the seasonality of many amphibian populations, or factors other than water temperature stressing amphibians. Indeed, it is possible that mass mortality could occur frequently during winter in larval populations or in hibernating adults without detection. Presumably, seasonal fluctuations in temperature are less important for species with larvae that develop over short duration or at tropical latitudes. The effects of ranavirus on amphibian species without larvae are unknown.
Exposure to predators and resource limitation can induce stress in amphibian larvae, which may increase their susceptibility to ranavirus infection and morbidity. Several studies have reported that tadpoles reared with predators, competitors, or at low resource levels have higher levels of corticosterone compared with control tadpoles (Glennemeier & Denver 2002 , RotNikcevic et al. 2005 . No studies have been published on the impacts of predation or competition on the susceptibility of amphibian hosts to ranaviruses. However, Hyla versicolor treated with exogenous corticosterone contracted twice the number of Alaria sp. trematode infections than control tadpoles (Belden & Kiesecker 2005) . We hypothesize that ranavirus susceptibility will increase in systems with high insect and fish predator densities. High predator densities may partly explain ranavirus emergence in summer.
Density-dependent infection and mortality associated with ranaviruses have been suggested based on field observations at die-off sites (Green et al. 2002 ), and appears to be an important regulating mechanism in ATV-salamander systems . Density-dependent relationships with pathogens can occur either from competitioninduced stress or higher transmission from increased conspecific or congeneric interactions (Allen 2003 (Allen , 2007 . Harp & Petranka (2006) did not detect a relationship between Lithobates sylvaticus tadpole density and ranavirus infection, morbidity, or mortality in a mesocosm experiment. Also, we did not find a relationship between ranavirus prevalence and tadpole density in Tennessee farm ponds . Controlled studies are needed to tease out the relative impact of resource limitation and contact probability on ranavirus transmission.
Other natural stressors for adult amphibians may include breeding and dispersal. Although ranaviruses usually are not as pathogenic to adults as to larvae (Gantress et al. 2003) , periods of stress as an adult could cause recrudescence of chronic infection and increased virion shedding. Breeding is also a likely period of high viral transmission, as individuals aggregate at sites and direct contact among individuals is common.
Anthropogenic stressors
It is hypothesized that an increase in the number and magnitude of anthropogenic stressors in the environment are at least partly responsible for the emergence of wildlife diseases (Carey et al. 1999 , Daszak et al. 2001 , St-Amour et al. 2008 . Amphibians may be especially susceptible to stressors in the aquatic and terrestrial environment because of their semi-permeable skin, which can uptake toxins (Boone & Bridges 2003) . Inasmuch as cattle farming and fertilizers decrease water quality in wetlands through addition of nitrogenous compounds (Schmutzer et al. 2008) , agricultural land use may indirectly compromise amphibian immunity and increase susceptibility to ranaviruses. Jancovich et al. (1997) published the first mass mortality from a ranavirus in North America, which occurred in salamander populations inhabiting ponds with cattle access. We found that Lithobates clamitans tadpoles in cattle-access wetlands were 3.9-fold more likely to be infected with FV3 than those in non-access wetlands ); a potential driver in that study may have been elevated un-ionized ammonia, which was 3.2-fold greater in cattle-access wetlands compared to non-access wetlands, and at levels known to negatively influence L. clamitans tadpole survival (i.e. > 0.6 mg l -1 ; Jofre & Karasov 1999) . Nitrate and nitrite also may be significant anthropogenic stressors in agricultural systems (Rouse et al. 1999) . In cattle systems, decreased shoreline vegetation from grazing may increase the likelihood of contracting ranaviruses. related greater ATV infection of larval salamanders in cattle-access ponds to less vegetation, which resulted in greater clustering of individuals and increased contact rates. Thus, wetlands with cattle access may be hotspots for ranavirus emergence due to a combination of reduced water quality and changes in amphibian habitat structure.
The potential effects of nitrogenous fertilizers on ranavirus susceptibility are unclear. Forson & Storfer (2006a) exposed larval Ambystoma tigrinum to 3 concentrations of sodium nitrate (0, 6.8, and 68 mg l -1
) and challenged them with 10 4 PFU ml -1 of ATV. Leukocyte levels in the blood were significantly reduced in the 6.8 and 68 mg l -1 treatments, suggesting immune suppression; however, the number of infected larvae was lowest at 68 mg l -1
. Forson & Storfer (2006a) hypothesized that virions may have been inactivated by the high sodium nitrate concentration. Additional research is needed on the impacts of nitrogen and compound fertilizers on ranavirus viability, and their effect on amphibian immune function and susceptibility to ranaviruses.
Pesticides also negatively impact amphibian immune function and may drive ranavirus emergence. Aquatic systems can receive pesticides from direct application, terrestrial runoff, or windborne drift (Davidson et al. 2002) . There is a strong pattern between recent declines in amphibian diversity at breeding sites in California and upwind agricultural pesticide application (Zabik & Seiber 1993 , Davidson et al. 2002 , Davidson & Knapp 2007 ) -some of these areas have experienced die-offs from ranaviruses (Green et al. 2002) . Sublethal exposure of amphibians to pesticides can suppress the immune function and increase susceptibility to pathogens. For example, a pesticide mixture composed of atrazine, metribuzin, aldicarb, endosulfan, lindane, and dieldrin reduced the proliferation of lymphocytes in juvenile Lithobates pipiens, resulting in compromised immunity and increased infection by lung parasites (Rhabdias ranae; Christin et al. 2003 , 2004 . Forson & Storfer (2006a) reported that Ambystoma tigrinum larvae exposed to 16 µg atrazine l -1 had reduced peripheral leukocyte levels and experienced increased ATV infection. However, in a companion study, Forson & Storfer (2006b) found that atrazine at concentrations from 1.84 to 184 µg l -1 reduced infection by ATV in larval A. macrodactylum. Similar to sodium nitrate, they surmised that atrazine may have inactivated ATV, although it is unclear why this did not occur in the A. tigrinum experiment (Forson & Storfer 2006a ). Another explanation is that atrazine had an immunostimulatory effect on A. macrodactylum (Forson & Storfer 2006b) . While it appears that pesticides can affect the immune function in amphibians, more research is needed to clarify the impacts of pesticides and their degradates on ranavirus emergence. Pesticides also can change food web structure (Relyea & Hoverman 2006 , which may stress amphibians and increase susceptibility.
OTHER HUMAN IMPACTS
Habitat fragmentation can negatively impact amphibian populations through demographic and genetic isolation (Marsh & Trenham 2001) . It is hypothesized that increased occurrence of inbreeding in isolated populations will lead to loss of genetic heterozygosity, which may increase pathogen infection and morbidity rates (Altizer et al. 2003) . Pearman & Garner (2005) provided evidence that genetically isolated Rana latastei populations have a greater chance of experiencing mass mortality from ranavirus introduction. They hypothesized that increased susceptibility may have been a consequence of inbreeding depression or loss of pathogen resistance alleles from genetic drift (Pearman & Garner 2005) . Inbred Xenopus laevis tadpoles challenged with FV3 died 3-fold faster than outbred tadpoles, and inbred adults recovered from FV3 infection 2-fold slower than outbred adults (Gantress et al. 2003) . These results collectively suggest that inbreeding as a consequence of genetic isolation may increase the likelihood of a ranavirus epizootic occurring. However, inbreeding as a consequence of directional selection associated with a ranavirus die-off may provide a selective advantage (Teacher et al. 2009a) .
Another consequence of habitat fragmentation is increased probability of contact among infected individuals. Several studies have documented increased nestedness and elevated relative abundance of some amphibian species inhabiting breeding sites located in agricultural landscapes (Knutson et al. 1999 , Kolozsvary & Swihart 1999 , Gray et al. 2004a . This may result from reflected movement of dispersing individuals back to breeding sites due to perceived impermeability of an anthropogenically disturbed landscape (Rothermel & Semlitsch 2002 , Gray et al. 2004b , Rittenhouse & Semlitsch 2006 . On the other hand, corridors may serve as conduits of pathogen transmission among populations (Hess 1996) . The impact of ranaviruses on genetically isolated populations versus its impact on populations afforded interdemic movement needs to be determined.
Amphibian declines associated with disease have occurred in some cases at high elevation (Brem & Lips 2008 , Gahl & Calhoun 2008 . It is hypothesized that changes in ambient temperature and weather patterns from global warming, greater levels of UV-B radiation entering the atmosphere from ozone depletion, and upwind transport and deposition of pesticides may be anthropogenic stressors at high elevation sites (Davidson et al. 2002 , Pounds et al. 2006 , Bancroft et al. 2008 , Muths et al. 2008 . The relationship of ranavirus outbreaks and elevation remains unclear. Gahl & Calhoun (2008) reported a greater occurrence of ranavirus mortality events at anuran breeding sites positioned at higher elevation, yet their sites differed by only 150 m in elevation. We found an inverse relationship between ranavirus prevalence and elevation among 3 sites that differed by 1070 m in elevation; however, the mechanisms responsible for this trend are unknown ). More studies are needed that examine the elevational trends of ranavirus outbreaks and identify possible factors driving any relationships.
It is also possible that novel ranaviruses can be transported and introduced by humans into naïve populations, which Cunningham et al. (2003) coined pathogen pollution. We suspect that introduction of novel ranaviruses that are genetically similar to endemic types are probably the greatest risk. Several studies have demonstrated that novel ranaviruses are more pathogenic than endemic types (Majji et al. 2006 , Storfer et al. 2007 ); however, virulence appears to be related to the genetic similarity with coevolved types and host specificity. As discussed earlier, ATV was more pathogenic to salamanders compared to anurans, and FV3 was more pathogenic to anurans than to salamanders (Schock et al. 2008) . Although ranviruses appear to be widespread, it is possible that some populations lack evolutionary exposure. In the case of completely naïve populations, the pathogenicity of ranaviruses remains unknown.
Ranaviruses could be transported among watersheds by recreationists, farmers, and researchers. Transport could occur on fomites such as boots, fishing and research gear, farm equipment, and boats. Fisherman and bait industries also transport infected amphibians across watersheds. Frequently, trout (subfamily Salmoninae) fishermen in the Appalachian Mountains of eastern North America use adult plethodontid salamanders for bait (Copeland et al. 2009) , and, in the southwestern USA, largemouth bass Micropterus salmoides fishermen use larval Ambystoma tigrinum as bait (Picco et al. 2007 ). The Canadian Ministry of Natural Resources (CMNR) allows use of Lithobates pipiens for fishing (CMNR 2009), which is a known carrier of ranavirus (Greer et al. 2005) . Jancovich et al. (2005) provided molecular evidence for the high genetic variability among ATV isolates in the western USA, and hypothesized that a mechanism for this variability may be the interstate transport of salamanders for fishing bait. Picco et al. (2007) reported that 85% of bait shops in Arizona contained ATV-positive salamanders. Transportation of live amphibians also occurs among countries for pet trade, food, and traditional medicines (Schlaepfer et al. 2005) . In 3 major ports of entry in the USA, 4.66 million live frogs on average are imported annually, with 8.5% infected with ranavirus (Schloegel et al. 2009 ). Importation of ranavirusinfected frogs is a concern if these animals enter the pet trade, aquaculture, or bait fish industries, which many of them do (Schloegel et al. 2009 ). Thus, novel ranaviruses could be introduced by humans into naïve populations by transporting contaminated water or fomites, using infected individuals for fish bait, or releasing non-native amphibians.
PATHOLOGY AND DIAGNOSTICS
Accurate diagnosis of amphibian diseases requires an understanding of gross and histopathological signs. Molecular techniques are also available to assist in diagnosis. Below we summarize what is known about the pathology and diagnostics of ranaviral disease in amphibians. We also discuss how quickly ranaviral disease can progress in infected amphibians, and provide direction on surveillance of ranaviruses in populations.
Field signs and gross lesions
Field signs (e.g. lordosis, erratic swimming, lethargy) and gross lesions (e.g. swelling, erythema) indicative of ranavirus infection depend on amphibian developmental stage. Tweedell & Granoff (1968) reported loss of pigmentation, lordosis, epithelial sloughing, and petechiation in Lithobates pipiens embryos. For subclinical infections (i.e. infection, but no apparent disease), no field signs or gross lesions are generally observed ). However, in sublethal infections (i.e. morbidity, but not mortality), field signs and gross changes are usually apparent, but the severity depends on the extent of disease. Morbid amphibian larvae often display erratic swimming, lethargy, and lack of equilibrium (Jancovich et al. 1997 , Bollinger et al. 1999 , Docherty et al. 2003 , Converse & Green 2005a . Gross lesions in larvae include erythema at the base of the gills, ventrum, and legs, and swelling of the legs, body, and gular region ( Fig. 3 ; Jancovich et al. 1997 , Bollinger et al. 1999 , Docherty et al. 2003 , Converse & Green 2005a . Cutaneous polyps also have been reported in Ambystoma tigrinum larvae (Jancovich et al. 1997 , Bollinger et al. 1999 . In adults, erythema of the legs and ventrum, ulceration of the skin, and erythema near the vent or plantar surfaces of the feet have been reported ( Fig. 3 ; Cunningham et al. 1996 , Converse & Green 2005a ). In fatal cases of larvae and adults, intracoelomic lesions may be present, and include petechial or ecchymotic hemorrhages of the internal organs (especially the mesonephros [kidneys], reproductive organs, and liver) and pale swollen livers (Cunningham et al. 1996 , Docherty et al. 2003 . Additionally, the gastrointestinal tract may be empty and the gall bladder may be enlarged, both of which are consistent with anorexia.
Histological lesions
Similar to gross changes, histological changes may be minimal or absent in subclinically infected individuals. We found non-specific histological changes (i.e. minimal to mild lymphocytolysis, lymphoid depletion, and mild vacuolation of hepatocytes and renal tubular epithelium) in ranavirus-positive Lithobates catesbeianus and L. clamitans tadpoles collected from farm ponds in Tennessee ). Non-specific changes may be due to various endogenous or exogenous challenges to the host, such as steroid release secondary to stress, antigen exposure, and systemic illness. Although changes may be non-specific even in fatal cases (Driskell et al. 2009 ), extensive organ necrosis may be observed in both larvae and adults, with the liver, spleen, kidney, and intestines most affected ( Fig. 4A ; Bollinger et al. 1999 , Gantress et al. 2003 , Robert et al. 2005 , Converse & Green 2005a . The renal tubular epithelium can be attenuated, with various degrees of vacuolation and necrosis in more severely affected cells (Gantress et al. 2003 , Converse & Green 2005a ). Skeletal muscle degenera- tion has been reported in adults only, but likely also occurs in larvae and is characterized by areas of myofiber disarray, fragmentation, and loss of crossstriations . Intracytoplasmic inclusions may be found in various cell types, including erythrocytes, macrophages, lymphocytes, leukocytes, hepatocytes, epithelial cells, and fibroblasts ( Fig. 4B ; Cunningham et al. 1996 , Jancovich et al. 1997 , Gantress et al. 2003 , Converse & Green 2005a , Green & Converse 2005 . Cunningham et al. (1996) described basophilic inclusions and acidophilic inclusions, with the latter surrounded by a clear halo. They found that basophilic inclusions contained iridovirus-like particles occasionally surrounded by rough endoplasmic reticulum (RER), whereas the acidophilic inclusions were composed of whorls of RER surrounding undefined central cores. Cunningham et al. (1996) surmised that both inclusions are likely due to the presence of iridovirus-like particles. Additionally, Docherty et al. (2003) reported necrosis and viral inclusions in the brain (meninges), gills, nasal tissue (neuroepithelium), adipose tissue, trachea, muscle, and bone (inclusions presumed to be in osteoclasts). Finally, Jancovich et al. (1997) described intranuclear inclusions in the cells of the epidermis, gills, and liver in terminal stages of disease in Ambystoma tigrinum. Often bacterial incursion of organs has been observed, but is presumed to be due to secondary or opportunistic invasion (Cunningham et al. 1996 .
Time to death
The amount of time to mortality from amphibian ranaviruses depends on the route of transmission and host characteristics. Although unrealistic in nature, intraperitoneal (IP) injection of ranaviruses induces gross signs of infection in larval salamanders and tadpoles within only a few days, and death can occur in <1 wk (e.g. Wolf et al. 1968 , Jancovich et al. 1997 . For postmetamorphic frogs, time to mortality can be longer, but depends on species and age. Subcutaneous, IP, and intravenous injection of ranavirus in adult Rana temporaria caused mortality in roughly 2 wk (Cunningham et al. 2007a ), but typically occurred faster (6 to 17 d) in adult Anaxyrus (formally Bufo) americanus and A. fowleri (Wolf et al. 1968 ). In the genera Anaxyrus and Scaphiopus juveniles died within 5 to 7 d following IP injection (Wolf et al. 1968) . Thus, injection of ranavirus into amphibians is an effective route to induce ranaviral disease albeit unnaturally.
Ingestion of infected tissue or oral inoculation of ranavirus also results in rapid morbidity (Wolf et al. 1968) . Lithobates sylvaticus and Rana latastei tadpoles that were allowed to scavenge ranavirus-infected tadpole carcasses began dying after only a few days, and > 90% were dead within 5 and 12 d, respectively (Pearman et al. 2004 , Harp & Petranka 2006 . We found L. palustris and Hyla chrysoscelis tadpoles that were orally inoculated with 10 6 PFU of FV3 began dying in 4 d, and > 95% mortality occurred in 8 d (authors' unpubl. data); in that study, gross signs of ranavirus infection were observed in approximately 90% of morbid tadpoles, typically appearing 1 to 7 d before mortality (authors' unpubl. data).
In contrast, time to morbidity and death when exposed to ranaviruses in water is more variable. Lithobates sylvaticus and Rana latastei tadpoles exposed to ranavirus-infected carcasses, but not allowed to scavenge them, began dying after 4 and 6 d, and > 75% were dead between 6 and 20 d, respectively (Pearman et al. 2004 , Harp & Petranka 2006 . Similarly, R. latastei tadpoles exposed to 1 of 5 doses of FV3 (4.3 × 10 2 to 4.3 × 10 6 PFU ml -1 ) in a water bath for 24 h began dying in 2 to 5 d, and 100% were dead by 12 d (Pearman et al. 2004) . Water bath exposure of adult R. temporaria to ranavirus took roughly 20 d to cause mortality, but the likelihood of death was related to the type of ranavirus (Cunningham et al. 2007a) . In comparison to the ranids, Brunner et al. (2005) found that larval salamanders exposed for 1 wk to a water bath containing 1 of 6 doses (10 2 to 10 5 PFU ml -1 ) of ATV developed gross signs of disease in 10 to 25 d and died an average of 10 d later. They found that the odds of mortality for salamanders with signs of infection were 20-fold greater than for individuals with no signs of infection (Brunner et al. 2005) . In their study, only 5% of the salamanders that died did not have gross signs of infection, and only 11% of the apparently normal indi- (Brunner et al. 2005) . Collectively, these results suggest that ranavirus-associated morbidity can occur within days of virion exposure in water, but time to mortality is dependent on developmental stage, and ranaviral disease in salamanders appears to progress slower than in anurans.
Diagnostics
In general, several tests are necessary to differentiate between ranavirus infection and disease. Useful diagnostic tools for characterizing ranaviruses include histology, cytology, virus isolation, electron microscopy, and molecular modalities (i.e. PCR, RFLP, sodium dodecyl sulfate polyacrylamide gel electrophoresis [SDS-PAGE] ). Most of these tests can be performed on dead or living organisms, but the time between death and the postmortem examination should be minimized. Although formalin-fixed specimens are preferred for histological examination, ethanol-fixed specimens may be used, but prolonged storage in ethanol can dry tissues and decrease their usefulness for histology (Green et al. 2009 ). For PCR, fresh or frozen tissues are preferred, but ethanol-fixed specimens also can be used. Although formalin fixation can damage DNA, Kattenbelt et al. (2000) demonstrated that Ranavirus DNA can be successfully extracted from formalin-fixed tissues. Thus, formalinfixed-paraffin-embedded tissues can be used in PCR assays for ranavirus testing and make it possible to conduct retrospective studies (Cullen & Owens 2002 , Driskell et al. 2009 ). Fresh or frozen tissues are necessary for virus isolation and culture, because viable virus is necessary. Finally, collection of whole blood is useful for inspection of ranavirus inclusion bodies in erythrocytes and leukocytes (Converse & Green 2005a , Green & Converse 2005 ), but it is important to note that viral inclusions found only in erythrocytes may represent erythrocytic iridoviruses -the pathogenicity of which remains uncertain (Green & Converse 2005 ). Although many species or age classes of amphibians are too small to collect substantial amounts of blood, usually enough blood can be collected to make a blood smear. Blood may be collected antemortem from the ventral vein in adults or tail vein in salamanders, or collected postmortem from the heart of larval or adult amphibians (Wright 2001) .
Virus isolation may be used to test for the presence of viable virus and aids in characterizing the virus type, but it cannot be used to diagnose the presence of disease. Cultured virus is used to perform some molecular tests such as SDS-PAGE and RFLP. Cultured virus can also yield better products for sequencing. Currently, ranaviruses are cultured on a variety of fish cell lines (e.g. fathead minnow epithelioma papilloma cyprini cells); however, amphibian cell lines are becoming increasingly available. It is possible that culturing may be optimized when amphibian cell lines are used, but this remains to be tested. One caveat is that virus isolation is often unsuccessful (Cullen & Owens 2002) , with success being dependent upon a variety of factors, including degree of postmortem autolysis, tissue type, and the ability to optimize the incubation conditions (e.g. temperature) for a specific ranavirus. Thus, infection cannot be ruled out based solely on negative isolation results (Cullen & Owens 2002) .
Electron microscopy is used for confirmation of cultured virus, and detection of virions within fixed and paraffin-embedded tissues ). However, electron microscopy is only reliable for identification to the family level (Iridoviridae); it cannot be used to definitively verify a ranavirus. Thus, other methods (e.g. PCR and sequencing) are necessary to further classify iridoviruses.
Molecular testing for ranaviruses can be performed on fresh, fixed, or paraffin-embedded tissues, as well as on blood (Green et al. 2009 ). Although used infrequently, amphibian feces or swabs of the oral cavity, cloaca, and skin lesions can be useful non-lethal methods for diagnostic testing (Driskell et al. 2009 ), and may provide evidence of viral shedding. For PCR testing, one caveat is that a positive PCR result only confirms the presence of virions (non-viable or viable). Thus, it is important to perform supportive tests (e.g. histological examination) to differentiate between ranavirus infection (i.e. presence of the pathogen within the animal) versus disease (i.e. negatively impacting health such as cellular degeneration and necrosis). Also, false-negative and -positive results are possible, which is discussed in the section 'Surveillance' that follows. Although conventional PCR has been routinely used for Ranavirus testing and is necessary for sequencing PCR products, real-time quantitative PCR (qPCR) can be used to quantitate viral load (Yuan et al. 2006 , Storfer et al. 2007 ). Viral load is quantified by standardizing the amount of genomic DNA across samples. Although the correlation between viral load and ranaviral disease remains unclear, we have found that viral load and mortality rates are positively correlated (authors' unpubl. data). It is important to note that the brightness of conventional PCR bands does not equate to viral load even if genomic DNA is standardized. Further, several studies have reported that qPCR may be more sensitive than conventional PCR at detecting virus infection (Brunner et al. 2005 , Pallister et al. 2007 , Driskell et al. 2009 ).
Currently, RFLPs, protein profiles, and sequence analysis of the MCP gene are used most often to identify unique types of Iridoviridae , Majji et al. 2006 , Schock et al. 2008 . Given the conservative nature of the MCP, this portion of the Ranavirus genome may not be ideal to separate Ranavirus types. Ridenhour & Storfer (2008) provide an alternative approach to MCP analysis for differentiating ranaviruses that uses multiple DNA sequences from the entire genome and Bayesian-and maximum-likelihood-based analysis. Holopainen et al. (2009) also provide a novel approach to differentiate ranaviruses using PCR and restriction enzyme analysis of DNA polymerase and a neurofilament triplet H1-like protein gene. As stated earlier, sequence analysis based solely on a 500 bp region of the MCP is insufficient to classify an iridovirus as a Ranavirus species.
Histological examination is the best method to confirm the presence of disease versus infection. Specifically, the extent to which organs are affected by ranavirus can be determined by histological examination only, and changes due to opportunistic or concurrent pathogens can be assessed . Techniques such as immunohistochemical staining (IHC) and electron microscopy can be applied to histological sections and allow identification of ranavirus in specific cells (Cunningham et al. 1996 , Balseiro et al. 2009 ). Negative aspects of histology include the requirement of lethal collection and cost. Generally, lethal collections are not possible for investigations with imperiled species. Costs for preparing slides for histological examination can be high, especially if serial sectioning of the tissues is needed, which can be important to gain a representative view of all organs. At this time, commercially available antibodies for IHC are not available for ranavirus, reducing the applicability for most researchers. Also, many laboratories do not have electron microscopes, due to the initial cost and maintenance of this equipment. Thus, we recommend that teams of researchers work together to apply as many diagnostic methods as possible for investigations of surveillance as well as morbidity and mortality events.
Surveillance
Pathogen surveillance is fundamental to disease monitoring. We are unaware of any active widespread ranavirus surveillance programs, although in the USA, the Tennessee Wildlife Resources Agency is currently supporting an initial sampling effort (n = 40 locations) across 2 physiographic regions (Cumberland Plateau and Tennessee River Ridge and Valley). Through the project RANA, the European Commission is developing the framework necessary for future surveillance of ranaviruses (European Commission 2009). Also, in the UK, the non-profit Amphibian and Reptile Conservation Trust (www.arc-trust.org/) assists in reporting dieoffs from ranaviruses and other causes. We encourage other natural resource organizations and nations to consider similar programs for monitoring ranaviruses and other amphibian pathogens. Surveillance is important to detect epizootics and build an understanding of how pathogen prevalence varies between disturbed and undisturbed sites and among amphibian species. Surveillance also can be used to direct conservation strategies in areas with high prevalence to minimize the likelihood of a die-off.
Four techniques have been used to test for ranaviruses: whole organism, internal organs, tail or toe clips, and skin swabs , Greer & Collins 2007 , St-Amour & Lesbarrères 2007 . We recommend testing for ranaviruses from internal organs (especially liver and kidney), because they are more likely to provide evidence of systemic infection as opposed to tail or toe clips and swabs (i.e. external surfaces), which may simply represent surface exposure to the virus. Whole-organism testing via grinding amphibians using a laboratory-grade tissue blender (e.g. Stomacher 80; Greer & Collins 2007 ) includes internal organs, but also virions potentially from the environment. In a pilot study with Lithobates catesbeianus larvae, we determined that tail clips had a 20% false-negative and 6% false-positive rate for systemic infection (i.e. when compared to test results from internal organs; authors' unpubl. data); skin swabs had a 22% false-negative and 12% false-positive rate for systemic infection in that study. Thus, when lethal organism collection is not feasible or allowed, we recommend testing tail clips over skin swabs for ranaviruses. Greer & Collins (2007) also found that tail clips from postmetamorphic salamanders resulted in false negatives, but this effect was dependent on postinfection duration. Fourteen days postinfection, tail clip and whole-organism tests were identical (Greer & Collins 2007) . St-Amour & Lesbarrères (2007) reported a 3% false-negative rate from toe clips. Animals that are collected for ranavirus testing should be euthanized and either stored at -80°C or preserved in 95% EtOH. Samples should remain frozen until laboratory testing, as multiple cycles of freezing and thawing can affect test accuracy.
RANAVIRUS EMERGENCE
An emerging pathogen is defined as one that causes disease and has recently increased in prevalence or geographic range, been isolated from a new host, or is genetically distinct from other known pathogen species (Daszak et al. 2000) . Inasmuch as the majority of reported die-offs associated with ranaviruses have occurred since the mid-1990s (Green et al. 2002 , Muths et al. 2006 , Cunningham et al. 2007b ), it appears that this pathogen is emerging. However, an increase in the number of diagnoses identifying ranaviruses as an etiologic agent may be a consequence of greater surveillance and advancements in molecular techniques for virus detection . Thus, scientists must exercise caution in concluding disease emergence based on surveillance data alone. We suggest that at least 2 of the above criteria be used as evidence of ranavirus emergence.
Emerging pathogens can be novel or endemic (Rachowicz et al. 2005) . Novel emerging pathogens typically result from the introduction of new Ranavirus types, and endemic emerging pathogens are usually a consequence of the decreased host immune function associated with stressors (Carey et al. 2003a , Rachowicz et al. 2005 . Where evidence exists that ranaviruses are emerging, either scenario is possible (see previous sections 'Anthropogenic stressors' and 'Other human impacts'), which can be determined through phylogenic concordance analysis (Storfer et al. 2007 ). This analysis compares concordance of host and pathogen phylogenies through simulations and maximum-likelihood estimation (Farris et al. 1995 , Shimodaira & Hasegawa 1999 , Goldman et al. 2000 . Storfer et al. (2007) used this analysis and provided evidence that ATV was novel in 3 salamander populations, yet endemic in 8 populations located across western North America. It is reasonable to surmise that ranavirus emergence is not a consequence of virus evolution, because this pathogen can infect multiple host species and sections of the genome are conserved (Chinchar et al. 2009 ). However, considerable genetic variability of ATV isolates and genetic evidence of host switches provides support that rapid evolution of ranaviruses is possible , Storfer et al. 2007 , Ridenhour & Storfer 2008 , Schock et al. 2008 .
CONSERVATION
Threat of ranaviruses to amphibian species survival
Epidemic disease models predict that pathogens cannot directly cause local population extinction if transmission is density dependent, because as individuals die, host density drops below a threshold for efficient transmission (Anderson & May 1979) . However, empirical evidence of thresholds for wildlife diseases is rare (Lloyd-Smith et al. 2005a) . Presence of reservoirs, high environmental persistence of pathogens, and frequency-dependent transmission can increase the likelihood of disease-induced extinction (Woodroffe 1999 , de Castro & Bolker 2005 . All of these characteristics are possible in ranavirus-host systems. Duffus et al. (2008) provided evidence of ranavirus reservoirs and frequency-dependent transmission in an amphibian community with known annual die-offs. Long environmental persistence of ranavirus virions is also possible (Langdon 1989) . However, this model is not accurate for all amphibian systems. For example, there are few ranavirus reservoirs, environmental persistence of virions is low, and density-dependent transmission is likely in ATV-salamander systems . Thus, the likelihood of local extirpation of a species from ranaviruses is dependent on the amphibian community and the characteristics of their habitat that contribute to persistence and transmission of virions.
Several studies have reported population declines in amphibian species following ranavirus epizootics (e.g. Collins et al. 1988 , Cunningham et al. 1996 , Greer et al. 2005 , Schock & Bollinger 2005 , Teacher 2008 ). Local population declines or extirpations can have rippling effects that increase the possibility of metapopulation or species extinction (Hanski 1999) . Superspreading events may also occur with ranaviruses from a few highly infectious individuals or in populations exposed to anthropogenic stressors (Lloyd-Smith et al. 2005b ). The intricacies of ranavirusdisease dynamics remain to be determined, and likely include a complex interaction of reservoir species, transmission routes, virion persistence, stressors, and host immunity (Fig. 1) . However, enough evidence exists to conclude that ranaviruses are a significant pathogen driving local population dynamics in some areas and resulting in at least localized die-offs of amphibians.
Possible strategies
Very few studies have been conducted on the use of conservation strategies to reduce disease emergence; however, the lack of this research should not preclude scientists from making logical recommendations. Simple strategies can be implemented if factors that cause emergence are understood. Although ranaviruses may emerge in a population due to natural stressors or virion shedding by native species, emergence also can occur as a result of human activity. Most often, humaninduced emergence is related to immune suppression from anthropogenic stressors or the introduction of novel virus types. Thus, strategies that reduce anthropogenic stressors or the chance of pathogen pollution should reduce the likelihood of human-induced ranavirus emergence.
Establishing undisturbed vegetation buffers around amphibian breeding sites has been recommended to minimize human impacts on the aquatic environment (Semlitsch & Bodie 2003) . Semlitsch & Bodie (2003) recommended at least 30 m of vegetation to buffer the aquatic environment. We documented that excluding cattle from wetlands with electric fencing reduced ranavirus prevalence in some amphibian species . For that study (op. cit.), cattle were fenced from 20 to 200 m from amphibian breeding sites; thus, a 20 m buffer may be sufficient to reduce cattle effects and ranavirus emergence. Prudent agricultural practices such as restricting chemical applications to calm days and ensuring that aircraft-applied pesticides are not released over amphibian breeding sites would reduce the potential effects of chemicals on ranavirus emergence.
Conservation strategies also could be implemented to reduce the likelihood of pathogen pollution. Given that larval and adult amphibians can be sublethally infected with ranaviruses , Picco et al. 2007 , Greer et al. 2009 ), transportation of amphibians among watersheds should be regulated to reduce novel ranavirus introduction. Many states in the USA and many Canadian provinces allow use of amphibians as bait for fishing (Picco & Collins 2008 , CMNR 2009 ). In Tennessee, use of amphibians for fishing is restricted to the watershed where they were captured. We encourage similar or more stringent regulations in states or nations without restrictions, and recommend that regional transport of live amphibians be accompanied with certification of Ranavirus-negative test results. We also discourage the commercial sale of amphibians for fish bait. Storfer et al. (2007) demonstrated that an ATV type isolated from larval Ambystoma tigrinum in a bait shop was more virulent than wild types. For amphibians traded internationally, Gray et al. (2007) suggested that mandatory testing for ranaviruses be considered an exportation requirement. Recognizing that ranaviruses are associated with mass mortality of amphibians and that this pathogen can be transported in sublethally infected individuals (Schloegel et al. 2009 ), the World Organization for Animal Health (OIE, www.oie.int/ eng/en_index.htm) recently listed ranaviral disease as a notifiable disease. Guidelines have been established by the OIE for testing amphibians prior to international shipment and for declaration of ranavirus-free animals. The OIE also is in the process of preparing guidelines for diagnostic testing of amphibians for ranaviruses.
Given the potentially long duration of environmental persistence for ranavirus virions (Langdon 1989) , disinfecting equipment that contacts water or soil where amphibians live should be performed. Langdon (1989) demonstrated that 70% EtOH was effective in inactivating FV3. Bryan et al. (2009) found that solutions of 3% bleach or 0.75% Nolvasan (2% chlorhexidine diacetate; Fort Dodge Animal Health) applied for 1 min were effective in inactivating ranaviruses. Although disinfecting equipment may be impractical for the public, scientists working in aquatic environments should follow this practice (Green et al. 2009 ). Natural resource agencies should consider developing educational websites and public outreach brochures on the benefits of disinfecting equipment and recreational gear that comes in contact with water to control diseases in amphibians and other aquatic vertebrates. Examples of outreach education sheets on herpetofaunal diseases, collecting and shipping protocols for morbid or dead amphibians, and disinfecting procedures are available on the Southeast Partners in Amphibian and Reptile Conservation website (www.separc.org).
RESEARCH DIRECTIONS
Much remains to be learned about the genetics, evolution, and ecology of amphibian ranaviruses, and how stressors interact to impact the emergence of this pathogen. Research directions in Ranavirus genetics have been reviewed by Williams et al. (2005) , but include using knock-down and knock-out technology to determine gene functions (Xie et al. 2005 , Sample et al. 2007 . Advances in the genomics of Ranavirus can be used to develop vaccines and control transmission in captive facilities (Nakajima et al. 2002 , Caipang et al. 2006 .
Evidence exists that Ranavirus types can infect multiple hosts, but susceptibility varies among amphibian species (Storfer et al. 2007 , Schock et al. 2008 . Studies are needed that determine species-specific susceptibility to different Ranavirus types across geographic regions. This information is fundamental to understanding which amphibian species are most at risk of ranavirus epizootics. It also is important to investigate the extent of ranavirus emergence and the prevalence of endemic and novel viral types. Largescale surveillance programs are needed to identify areas of ranavirus emergence. The occurrence of novel and endemic types can be determined by comparing viral and host phylogenies. Storfer et al. (2007) provided a good example of using phylogenetic concordance analyses to accomplish this task for ATV and Ambystoma tigrinum. Similar studies are needed for other amphibians and Ranavirus species. These advances will help in identifying the mechanism of ranavirus emergence (i.e. pathogen pollution or stressors; Storfer et al. 2007) .
Although several studies have been performed on the ecology of ranaviruses (e.g. Brunner et al. 2004 , 2007 , Pearman et al. 2004 , Duffus et al. 2008 , our understanding of how this pathogen infects amphibians and is maintained in the environment remains limited. Studies are needed on the environmental persistence of ranaviruses in water, soil, and decaying tissue, and on fomites. Vertical transmission has been hypothesized by several investigators (Greer et al. 2005 , Harp & Petranka 2006 , Duffus et al. 2008 ; however, a study that controls for in vitro contamination has not been performed. We know that metamorphs are highly susceptible to ranaviruses followed by larvae and adults in some cases (Gantress et al. 2003 ); however, we do not completely understand the pathogencity of ranaviruses during early developmental stages. Studies are needed that test for the effects of ranaviruses on embryos and hatchlings and that compare infection, recovery, and mortality rates among pre-and pro-metamorphosis larvae, metamorphs, and adults (Fig. 1A) . Further exploration is needed into the high susceptibility of adult amphibians in the UK. Additional controlled studies are needed to test the susceptibility of native and introduced reptiles and fish to Ranavirus types isolated from amphibians to identify the likelihood of viral maintenance in other ectothermic reservoirs (Moody & Owens 1994 , Ariel 1997 , Ariel & Owens 1997 . These advances are important to determine how ranaviruses are maintained in the environment and to identify the most susceptible stages in amphibian development.
Only a few studies have been conducted on the role of stressors in ranavirus emergence (Forson & Storfer 2006a ,b, Gray et al. 2007 ). It appears some agricultural chemicals have immunosuppressive effects on certain amphibians that could lead to increased susceptibility to ranavirus infection (Forson & Storfer 2006a) . However, only 2 pesticides (atrazine and carbaryl) and 1 fertilizer (sodium nitrate) have been studied and only for 2 amphibian species (Forson & Storfer 2006a,b, A. Storfer, Washington State University, unpubl. data) . Future studies need to include a cadre of pesticides, fertilizers, and mixtures of chemicals with >1 amphibian species (e.g. Relyea 2004 , Hayes et al. 2006 ) to fully understand the effects of these possible stressors on ranavirus dynamics in amphibian communities. Also, no studies have been conducted on the effects of heavy metals and acidification. Studies on anthropogenic stressors should be crossed with natural stressors, such as water temperature, food limitation, and presence of a predator to better understand the impact of ranaviruses within communities. Factors associated with elevation (e.g. increased UV-B radiation, temperature) also need to be investigated (Gahl & Calhoun 2008) .
Concurrent infections of ranaviruses with other amphibian pathogens have been documented (e.g. Cunningham et al. 1996 , Bollinger et al. 1999 , Fox et al. 2006 , Schmutzer 2007 . However, to date, only 1 controlled study has been published on how ranavirus interacts with other pathogens to induce morbidity (Cunningham et al. 2007a) . It is hypothesized that primary infection by one pathogen will lead to secondary infection by other pathogens; however, this has never been tested via ordered experimental challenges. Possible significant amphibian pathogens include other ranaviruses, Batrachochytrium dendrobatidis, Aeromonas hydrophila, helminthic and myxozoan parasites, Saprolegnia sp., and Perkinsus-like agents (Green & Converse 2005 , Converse & Green 2005a ,b, Davis et al. 2007 , Romansic et al. 2007 , Rohr et al. 2008 ). Selection of pathogens should correspond to the likelihood of co-occurrence in the wild, which is possible for most of these pathogens. Co-infection studies are fundamental to understanding the significance of pathogens as primary or secondary invaders and to assigning pathogen risk levels. Identification of primary pathogens can help direct intervention strategies that minimize their effects in amphibian communities.
Most of the controlled ecological experiments performed on amphibian ranaviruses have been with ATV and Ambystoma trigrium. Although ATV and A. tigrinum are a good model to explore host -pathogen dynamics , variations in host responses likely exist for other ranaviruses and amphibian species. To date, no controlled studies have been conducted on plethodontid salamanders -the most diverse family of urodeles ). Moreover, global anuran species richness is approximately 10-fold that of urodeles, yet only a handful of controlled ecological studies exist. We also encourage scientists to study other ranavirus species, particularly FV3 given its global distribution in wild and captive populations (Zupanovic et al. 1998 , Zhang et al. 2001 , Greer et al. 2005 , Fox et al. 2006 , Cunningham et al. 2007b , Pasmans et al. 2008 , Schock et al. 2008 .
It remains unclear whether amphibian ranaviruses are capable of causing extinction (Greer et al. 2009 ). This lack of understanding is a consequence of infrequent surveillance for this pathogen in common and uncommon species in an amphibian community. Given that amphibian ranaviruses can infect multiple species in a community, extirpation of uncommon susceptible species is most likely. Annual broad-scale surveillance coupled with population monitoring is needed to determine if amphibian ranaviruses are contributing to global amphibian declines. We strongly encourage government agencies and conservation organizations to develop annual monitoring sites for ranaviruses. The prevalence of Ranavirus should be estimated, and, when possible, the histopathological changes in tissues examined, especially during a die-off. We also recommend simultaneous testing for Batrachochytrium dendrobatidis, due to its role in amphibian declines in many parts of the world. Through broad-scale surveillance and controlled experiments, we will develop a greater understanding of the ecology and pathology of amphibian ranaviruses and factors that may contribute to emergence. 
